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Summary

� In this paper, we provide direct evidence of the importance of root hairs on pore structure

development at the root–soil interface during the early stage of crop establishment.
� This was achieved by use of high-resolution (c. 5 lm) synchrotron radiation computed

tomography (SRCT) to visualise both the structure of root hairs and the soil pore structure in

plant–soil microcosms. Two contrasting genotypes of barley (Hordeum vulgare), with and

without root hairs, were grown for 8 d in microcosms packed with sandy loam soil at

1.2 g cm�3 dry bulk density. Root hairs were visualised within air-filled pore spaces, but not in

the fine-textured soil regions.
� We found that the genotype with root hairs significantly altered the porosity and connectiv-

ity of the detectable pore space (> 5 lm) in the rhizosphere, as compared with the no-hair

mutants. Both genotypes showed decreasing pore space between 0.8 and 0.1mm from the

root surface. Interestingly the root-hair-bearing genotype had a significantly greater soil pore

volume-fraction at the root–soil interface.
� Effects of pore structure on diffusion and permeability were estimated to be functionally

insignificant under saturated conditions when simulated using image-based modelling.

Introduction

Plant roots use a range of mechanisms to alter the physical prop-
erties of the soil adjacent to roots known as the rhizosphere
(Hinsinger et al., 2009). Various soil physical stresses and interac-
tions occur during root growth that can be affected by a range of
root traits (Bengough et al., 2011). Soil compaction around roots
has been extensively studied (Dexter, 1987; Bruand et al., 1996;
Young, 1998; Vollsnes et al., 2010; Aravena et al., 2011, 2014).
Based on these studies the rhizosphere is expected to have both
less porosity and smaller pore sizes than bulk soil. However, as
roots mature, soil structure is significantly altered by the interplay
between root exudates, microbial activity and variations in soil
water potential (Hinsinger et al., 2009). Consequently, soil in the
rhizosphere may have similar or greater porosity and larger pore
sizes than bulk soil (Whalley et al., 2005; Feeney et al., 2006;
Hallett et al., 2009).

Rhizosphere soil can form a rhizosheath, a layer of strongly
bound and more aggregated soil that adheres firmly to the root
surface. The size and adherence of the rhizosheath varies signifi-
cantly between species (Brown et al., 2017), and between geno-
types of the same species (George et al., 2014; Delhaize et al.,
2015). The formation of a rhizosheath is thought to be driven by

root exudates and soil water regime (Watt et al., 1994), and by
the presence of root hairs (Haling et al., 2010, 2014). Some root
and microbially derived exudates affect soil structure by binding
soil particles and increasing the stability of the rhizosphere
(Czarnes et al., 2000; Hallett et al., 2009). Aggregation of soil
particles results from the interplay between these exudates and
wetting–drying cycles imposed by plant transpiration (Albalas-
meh & Ghezzehei, 2014). Caravaca et al. (2005) found that plant
species and rhizosphere microbial community affected aggregate
stability. Moreno-Esp�ındola et al. (2007) showed that root hairs
increased soil adhesion to roots in sandy soils. These results
emphasise the importance of plant genotype on rhizosphere for-
mation. While there has been a wealth of research on how plant
genotype affects the rhizosphere microbial community (Ehren-
feld et al., 2005; Berg & Smalla, 2009), a thorough understand-
ing of the physical function of the rhizosphere has lagged behind.
There is, for instance, an ongoing debate as to whether rhizo-
sphere soil can hold more water than bulk soil (Carminati et al.,
2010). There is evidence for both lower (Brown et al., 1990;
Grose et al., 1996; Daly et al., 2015) and higher water content in
the rhizosphere compared to bulk soil (Young, 1995; Carminati
et al., 2010). This is partly due to the difficulty of disentangling
the biophysical and chemical factors that drive rhizosphere
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function. Additionally, rhizosphere properties are dynamic in
time and depend upon root age (Hinsinger et al., 2005; Carmi-
nati & Vetterlein, 2013). The structure of the pore space around
roots has major implications for hydraulic properties, gas perme-
ability and microbial habitats. Therefore, there is clearly potential
for plant breeders to select genotypes with improved root traits
(White et al., 2013).

One set of root traits that offers significant potential for breed-
ing is the density and length of root hairs (Brown et al., 2013).
Root hairs are thought to improve soil penetration and root soil
contact (Haling et al., 2013; Bengough et al., 2016). It is also
commonly estimated that they play a major role in efficient phos-
phorus uptake, particularly under limited P availability (Bates &
Lynch, 2001; Brown et al., 2013; Haling et al., 2013; Keyes et al.,
2013). The density and length of root hairs shows considerable
variability in response to P availability (Bates & Lynch, 1996;
Ma et al., 2001), soil water regime and soil compression (Haling
et al., 2014). Despite their role in exudation (Head, 1964;
Czarnota et al., 2003) and their potential impact on microbial
community structure (Bulgarelli et al., 2012, 2013), the impact
of root hairs on soil structure has received little attention. There
is, however, evidence that root hairs increase soil aggregation
(Moreno-Esp�ındola et al., 2007) and are closely linked to rhi-
zosheath formation (George et al., 2014; Haling et al., 2014; Del-
haize et al., 2015).

Root hair interactions with soil structure can now be investi-
gated in situ with sufficient resolution due to recent advances in
noninvasive synchrotron radiation computed tomography
(SRCT). Keyes et al. (2013) used SRCT to image living root
hairs growing in soil. The three-dimensional (3D) root and soil
images can be used to build numerical models of water and solute
movement, enabling soil structural changes to be linked to root
uptake functions. The combination of noninvasive imaging and
mathematical modelling has been used to understand the effect
of root-induced compaction on water flow in the rhizosphere
(Aravena et al., 2011, 2014). Daly et al. (2015) used image-based
modelling to assess the influence of the rhizosphere on soil
hydraulic properties. The effect of root hairs on P uptake has
been analysed with image-based models by Keyes et al. (2013)
and Daly et al. (2016). These studies predict that, contrary to
common past assumptions (Nye, 1966), root hairs contribute less
or equal to P uptake than the root surface.

In this paper we present an imaging study in which we analyse
root hair interactions with rhizosphere soil. The main goal of this
study was to visualise and quantify soil structural changes
induced by roots with distinct root hair morphology to docu-
ment the impact of root hairs on soil structure. We tested two
hypotheses: that root hairs influence the pore structure in the rhi-
zosphere leading to a more structured soil; and that these changes
are amplified by pore water fluctuations. To test these hypotheses
we used the same hairless barley (Hordeum vulgare cv Optic)
mutant studied by Haling et al. (2013) and Brown et al. (2013),
alongside its wildtype parent. A root growth experiment con-
trasted these genotypes (hairs vs no hairs) using small growth
microcosms that enabled high-resolution SRCT imaging of root
hairs and rhizosphere structure. We also used two contrasting

water treatments, a wetting–drying cycle (WD) and a single dry-
ing treatment (D), on the wildtype plants to investigate the inter-
actions between root hairs and soil water regime. Digital image
analysis was used to document and quantify the interactions
between root hairs and soil structure. As the link between struc-
tural and functional parameters remains a challenge, numerical
models were applied to the imaged geometries to simulate water
and solute movement in the rhizospheres of the contrasting geno-
types. Our findings enhance our understanding of how rhizo-
sphere formation is impacted by genotypic variations in root hair
density (RHD), and how these changes affect fundamental plant
uptake processes.

Materials and Methods

Plant growth and sample preparation

Individual barley plants (Hordeum vulgare L. cv Optic) were
grown in 3D printed seedling holder microcosms, first used by
Keyes et al. (2013). A root-hair-bearing wildtype (henceforth
referred to as hairs) and a plant line with greatly decreased root
hair growth (no hairs) as described by Brown et al. (2012) were
selected from the barley mutant population at The James Hutton
Institute (Caldwell et al., 2004). Seeds were pregerminated on
1% distilled water agar for 48 h. Seven 1 ml syringe barrels
(height = 80 mm, inner diameter = 4.2 mm) were inserted into a
larger tube of 30 mm diameter, and filled with sandy loam tex-
tured soil (Dystric Cambisol, sieved to < 1 mm) to a density of
1.2 g cm�3. This soil was collected from the South Bullionfield at
the James Hutton Institute. Syringe barrels were connected to the
microcosms such that individual roots could grow into the
syringe barrels (Fig. 1). A single barley seedling was planted in
each assembly. Plants were grown in a glasshouse (at c. 20°C dur-
ing the day) for 8 d before harvest. A preliminary experiment
observed roots growing through the tip of the syringe after 10 d.
Tubes were connected to the base of each syringe barrel, which
were filled with water and connected to a reservoir that could be

Fig. 1 Schematic drawing of the root growth assembly used for barley
roots in this study. The bottom of the seed compartment was designed to
guide individual roots into syringe barrels. There were seven syringe
barrels connected to each seed compartment.

� 2017 The Authors

New Phytologist� 2017 New Phytologist Trust
New Phytologist (2017) 216: 124–135

www.newphytologist.com

New
Phytologist Research 125



raised or lowered. A wetting/drying (volumetric water content
h c. 0.22–0.25 g g�1) treatment (WD) was applied by lifting the
water table to saturation every 2 d and subsequently leaving sam-
ples to drain. An additional drying (D) treatment (h c.
0.18 g g�1) was applied for the hairs genotype to explore the
effect of hydrological stresses on structure development within
the rhizosphere. In the drying treatment, plants were gently
watered from the top with sufficient water to prevent desiccation,
with the tube removed from the base of the syringe barrel. Plants
were transported live to the synchrotron and, after harvest, indi-
vidual syringe barrels were excised from the assemblies and sealed
with Parafilm. A total of 34 replicate roots were imaged.

Synchrotron radiation computed tomography

After plant growth, SRCT scanning was carried out at the I13
beamline at the Diamond Light Source, Oxfordshire, UK. Indi-
vidual syringe barrels were scanned at three different heights
(3.5 mm apart) starting near the upper end of the syringe barrel
to maximise the chance of finding roots. This resulted in a total
vertical extension of the scanned region of 10.5 mm, which
ensured that the scanned roots had comparable age. SRCT was
performed using ‘pink light’ at energies of c. 15–20 keV. In total,
1601 equiangular projections through 180° were recorded with
an exposure time of 0.15 s per projection. The total duration of
an individual scan was 4 min. X-rays were scintillated using a
500 lm cadmium tungstate (CdWO4) scintillator, with a PCO
edge 5.5 CMOS detector used to image the generated light. A
microscope system with a four-fold optical magnification was
used, resulting in a field of view of 49 3.5 mm at 1.6 lm pixel
size. The propagation distance was 63.5 mm, leading to an inter-
mediate amount of phase contrast. Edge enhancement was esti-
mated to be 20% of the dynamic range, which complicated soil
segmentation, but improved the visibility of root hairs. Recon-
struction of 3D images from the attenuation data was carried out

with a filtered back-projection algorithm and converted to stacks
of 2160 slices each comprising 25609 2560 pixels with 32-bit
dynamic range.

Image preprocessing

Image analysis was performed in IMAGEJ and AVIZO 9.0.1 (FEI
Visualization Sciences Group, Houston, TX, USA). The contrast
was enhanced using histogram equalisation, and reconstructed
images were then converted to 8 bit to reduce the computational
cost of image analysis. Since not all 34 replicates produced results
viable for further analysis, a set of criteria for sample selection
was defined. Roots had to be closer to the centre of the syringe
barrel than to the barrel wall to reduce edge effects. Scans con-
taining major macropores (n = 6) in the analysed region or more
than one main root axis per syringe barrel (n = 6) were removed.
Additionally, shrunken and potentially desiccated roots (n = 6)
were removed. This reduced the number of useful images to five
reps each for no hairs WD and hairs D, and four reps for hairs
WD. In each viable image a smaller region of interest (ROI) of
29 29 1 mm with a root in the centre was cropped for further
analysis (Fig. 2a). A rotational transformation was performed to
ensure the root was in the centre along the entire ROI height.

Segmentation

Roots and root hairs were segmented manually in AVIZO 9.0.1
using a graphical tablet and scrolling through horizontal slices.
Soil was segmented into three different phases (Fig. 2b): primary
minerals (Solid), air-filled pores (Pore), and a mixed phase com-
prising small, water-filled pores and silt/clay-sized solid particles
below resolution (Mixed). A detailed description of the segmenta-
tion procedure is available as supporting information in the
online version of this article (Supporting Information Methods
S1, Fig. S1, Table S1).

(a) (b) (c)

Fig. 2 (a) Cross-section of barley root (no hairs) growing in soil. Internal root structures and the surrounding soil structure could be clearly visualised. Bar,
1 mm. (b) Soil classification using trainable WEKA segmentation. Black, solid phase; white, mixed phase; grey, air-filled pore space. Note that the root was
segmented independently. (c) Pore size classification around the root. Segmented root is shown in white. Colours indicate local pore diameter in
micrometres.
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Quantification of structural parameters

Pore size distribution (PSD) was measured using the local thick-
ness tool from the ‘BONEJ’ plugin in IMAGEJ. The method gener-
ates a pore size map (Fig. 2c), where the grey value of each point
of the pore space represents the diameter of the largest ball that
fits entirely into the pore space and includes this point. PSD is
given by the histogram of the resulting image. This definition of
PSD is closely related to the hydraulic behaviour of pores (Vogel
et al., 2010).

The Euclidean distance transform of the binary root image was
generated and segmented into annuli (thickness = 50 lm) with
increasing distance from the root surface. RHD was calculated by
skeletonising the root hairs and measuring the skeleton length
density within discrete annuli. Volume fractions of the distinct
soil phases were calculated as the volume of the considered phase
within an annulus divided by the total annulus volume.

For measurement of pore connectivity and image-based
modelling, n = 20 cubic subvolumes of 500 lm side length
were generated in each image. The size of the subvolumes
was chosen based on convergence of simulated diffusion and
permeability data (see the following section). Coordinates of
the subvolumes were randomly selected with the constraint
that the subvolume had to be outside the main root axis, and
the maximum overlap between two subvolumes was 250 lm
on any axis.

Pore connectivity was measured by labelling connected pore
clusters (using the 18-connected neighbourhood, that is, any
pixel that touches one of the faces or edges of the original pixel)
and calculating a dimensionless connectivity index (Renard &
Allard, 2013)

Cp ¼ 1

N 2
p

XNi

i¼1

v2i ; Eqn 1

where any cluster of the pore phase p has a volume vi, Ni is the
number of clusters and Np is the total volume of the pore phase.
For the calculation of Cp the volume of each individual cluster
and the total pore volume within each subvolume were deter-
mined and Eqn 1 was solved. This was subsequently repeated for
subsets of the pore space which included only pores of decreasing
maximum diameter. This was done by thresholding the pore size
map at incrementally reduced thresholds with steps of 10 lm.
This procedure simulates a drying experiment and gives an esti-
mation of pore connectivity at decreasing soil matric potentials.

To calculate the percolation threshold, that is, the pore size at
which the pore clusters become disconnected, a logistic equa-
tion was fitted to the data

Cpf ðd Þ ¼
Cp;max

1þ e�aðd�d0Þ ; Eqn 2

where Cp;max is the connectivity of the entire pore space, d is max-
imum pore diameter and d0 is the maximum pore diameter at
the percolation threshold, and a is a fitting parameter.

Image-based modelling of effective diffusion and
permeability

For the image-based modelling the same set of subvolumes cre-
ated for the connectivity measurement was used. For each subvol-
ume an STL surface mesh was generated using SCANIP
(Simpleware Ltd, Exeter, UK). We used saturated conditions,
that is, pore and mixed phases were combined to produce the fluid
phase. For every subvolume, seven smaller test volumes of differ-
ent sizes were generated. This was done to ensure that the final
subvolumes were representative elementary volumes (REVs), that
is, their pore geometry is representative of the pore geometry of
the entire sample. These were numbered 0–6. The side length of
the test volumes can be calculated using

L3 ¼ L3
0

2i
; Eqn 3

where L is the test volume side length, L0 is the original subvol-
ume side length and i is the test volume number (i = 0 corre-
sponds to the largest and i = 6 corresponds to the smallest).

For each test volume, separate simulations were carried out to
measure the impedance to solute diffusion and the hydraulic per-
meability in the x, y and z directions, respectively. Impedance to
diffusion presented by the soil was calculated in terms of an effec-
tive diffusion constant Deff from the soil geometry using the
method described in detail by Daly et al. (2016).

If the subvolume qualifies as an REV, solute diffusion in the
soil is thus described by:

oC
ot

¼ $ðDDeff$C Þ; Eqn 4

where D is diffusion constant in pure water, and C is solute
concentration.

Likewise, the hydraulic permeability k offered by soil geometry
was calculated. The detailed method is described by Tracy et al.
(2015). Given an external fluid pressure gradient, the resulting
velocity is

u ¼ � k

g
ð$p � qg ê zÞ; Eqn 5

where g is the viscosity of the fluid, p is the applied pressure, q is
the density of the fluid, g = 9.8 ms�2 is the acceleration due to
gravity, and ê z is the unit vector in the vertical direction. Numer-
ical simulations (n = 5880 for each k and Deff) were carried out
using OPENFOAM, an open source fluid dynamics toolbox on
IRIDIS, the High Performance Computing Facility at the
University of Southampton. Deff and k are soil properties; how-
ever, if the domain is too small to qualify as an REV they are also
a function of the domain size. To overcome this, k and Deff were
fitted with the functions

Deff ¼ a þ be�cL ; or k ¼ a þ be�cL ; Eqn 6
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where a, b and c are fitting parameters and L is the side length of
the domain. The fitted diffusion coefficient is the limit of this
equation as L tends to infinity, that is, Deff = a.

Statistical analysis was carried out in MATLAB 2015a (The
MathWorks Inc., Natick, MA, USA). We used ANOVA for
normally distributed variables and Kruskal–Wallis test for
nonparametric data. For pairwise post hoc comparisons, the
Dunn–Bonferroni approach was used.

Results

Overall plant performance

The no hairs genotype had a significantly greater fresh shoot mass
and plant height, while the drying treatment had no significant
effect on shoot mass or plant height (Table 1). Where roots had
grown into syringe barrels, they generally extended along the
entire length of the barrels (8 cm), but in some cases roots
escaped the lower end of the barrels.

In the SRCT images roots could be clearly distinguished from
soil, including root internal structure, comprising intercellular
and aerenchymous spaces. Root diameter, obtained by measuring
the area of the segmented root in each slice and assuming a cylin-
drical shape, showed no significant difference between genotypes
(Table 1).

Root hair density

Root hairs were clearly visualised in air-filled pores, but they were
more difficult to detect within the mixed phase. To avoid error
induced by subjective user interpretation, only clearly visible root
hairs were segmented. Some of the resulting root hair structures
were fragmented and disconnected (Fig. 3), indicating that root
hairs grew into both the air-filled pore phase and the mixed phase.
The average number of root hairs counted at the immediate root
surface along a 1 mm root segment (derived from counting dis-
crete skeletons) was 24, ranging from 0 in the no hairs genotype
to 60 in the hairs genotype and D treatment. The resulting mean
RHDs at the immediate root surface were highly variable, rang-
ing from 5.4 to 94.2 mmmm�3 in the hairs genotype. RHD
decreased exponentially with distance from the root surface
(Fig. 4) and was not significantly different between D and WD
treatments. To explain the larger variability of RHD close to the
root, we calculated the correlation coefficient between RHD and
pore volume fraction within each distance class. RHD was

significantly correlated with pore volume fraction within the
0.3 mm volume closest to the root (Pearson’s r > 0.7, P < 0.05),
but further away from the root no correlation between hair
density and pore volume was found.

The no hairs genotypes bore short root hair stumps, which only
grew within the innermost 0.05mm from the root surface. Further
away from the root no hairs were found for the no-hairs genotype.
RHD within the innermost annulus was 3.6 mmmm�3 for no
hairs, which was significantly less than for hairs D (P < 0.05) but
not hairs WD (probably due to the large variability in hair length
density within this narrow zone).

Soil structure

The soil segmentation resulted in images consisting of three
phases: the pore phase, consisting of air-filled pores ≥ 5 lm, a
mixed phase consisting of smaller water-filled pores and solid par-
ticles of the silt and clay fractions, and a solid phase consisting of
larger particles with undetectable internal porosity. As previously
noted, the segmentation results showed a slight overestimation of
the mixed phase caused by partial volume effects. There was sub-
stantial overlap of the grey values of the different phases (Fig. 5),
which was intensified by the edge enhancement due to phase con-
trast. This was especially true for the mixed phase, which had a
large impact from edges that causes a broad grey-value histogram.

Volume fractions of the different phases were analysed with
distance from the root surface to quantify the impact of root
activity on soil structure (Fig. 6). Solid volume fraction was

Table 1 Measured parameters of barley plants

Plant
height (cm)

Fresh shoot
mass (g)

No. of roots
analysed

Root
diameter (mm)

Hairs WD 7.3� 2.1 64.5� 25.2 4 0.47� 0.02
Hairs D 8.0� 0.6 65.3� 11.1 5 0.47� 0.03
No hairs

WD

10.4� 1.3* 107.3� 23.9* 5 0.49� 0.02

Data are mean� SD. Asterisks denote significant differences between
treatments (P < 0.05).WD, wet–dry treatment; D, dry treatment.

Fig. 3 3D rendered barley root (hairs WD) and hairs including a region of
interest showing the surrounding soil. Light blue structure is the
segmented root, while dark blue structures are segmented root hairs
within a region of interest (ROI) of 29 29 1mm. Vertical length of the
root is 1 mm. Only root hairs growing in air-filled pores could be seen, and
hence root hair structures are fragmented.
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uniform across the ROI, but sharply decreased close to the root
surface, although the effect of distance was only significant for no
hairs and hairs D (P < 0.05). There was no significant difference
in solid volume between treatments.

The mixed phase showed an increased volume fraction close to
the root surface for all treatments. In the no hairs genotype this
increase was larger and extended further away from the root sur-
face. The effect of distance on mixed phase volume fraction was
consequently only significant for no hairs (P < 0.05). Comparison
of treatments showed that hairs D had a significantly smaller
mixed volume fraction than the other two treatments (P < 0.05).

The pore volume fraction decreased significantly with distance
from the root for no hairs and hairs WD (P < 0.05). Pairwise
comparisons of individual annuli showed no significant differ-
ences in hairs WD, while in the no hairs genotype the pore volume
fraction in annuli at the root interface (from 0.05 to 0.15 mm)
was significantly smaller than in the most distant annuli (0.8–
1 mm). There was no significant change in pore volume fraction
with distance for hairs D. Comparison of the treatments showed
that all treatments had significantly different pore volume frac-
tions (P < 0.05). Overall pore volume fraction was greatest in
hairs D and smallest in hairs WD.

Pore size distribution

Due to limitations of resolution we did not estimate porosity per
se, but cumulative PSD for the pore phase was calculated from the
pore size map. To analyse the effect of distance from the root, the
closest annuli within 0.3 mm distance from the root (‘rhizo’,
Fig. 7) were grouped and compared to annuli from 0.5 to
0.8 mm distance (‘bulk’, Fig. 7). The results confirm the smaller
pore space (> 5 lm; i.e. localised compaction) around the roots
of the no hairs genotype compared to the hairs genotype. To anal-
yse pore size distribution independent of the total pore volume,
PSD was normalised to the total pore volume within each annu-
lus at different distances from the root. The resulting normalised
distributions were compared for statistical differences with a two-
sample Kolmogorov–Smirnov test. Normalised PSD was not sig-
nificantly different between ‘rhizo’ and ‘bulk’, nor between differ-
ent treatments. However, we document the trend of normalised
PSD over distance from the root in Fig. S2. In no hairs nor-
malised PSD was slightly wider close to the root surface, with a
greater frequency of bigger pores. The bulk of the distribution
was unchanged. In no hairs WD the opposite trend was observed;
normalised PSD became narrower close to the root surface, but
again the bulk of the distribution was fairly constant over dis-
tance. In hairs D the overall widest normalised PSD and the most
significant change over distance was observed. Normalised PSD
was notably wider close to the root surface.

Pore connectivity

Pore connectivity was estimated in randomised subvolumes dis-
tributed across the entire ROI. Total pore connectivity Cp was
greatest in the hairs D treatment and least in hairs WD (Table 2).
No hairs WD had an intermediate Cp. Treatment effects were sig-
nificant, and pairwise comparison showed that only hairs WD
had significantly different Cp from the other treatments. Cp cor-
related significantly with the pore volume fraction of the subvol-
umes (Pearson’s r = 0.77, P < 0.05). The percolation threshold

Fig. 4 Mean root hair density of barley roots over distance from the root
surface. Each value represents mean root hair density within an annulus of
thickness 0.05mm about the root centre. The x values represent the inner
diameter + 0.025mm of each annulus. Error bars represent� SE of the
mean. The no hairs genotype only had short hairs in the innermost
annulus.WD, wet–dry treatment; D, dry treatment.

Fig. 5 Grey value histograms of the total 3D region of interest in the barley
rhizosphere and the different segmented phases showing overlapping grey
values of the different phases, particularly themixed phase.
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(i.e. the pore size at which the pore clusters become disconnected)
was lowest in hairs D, intermediate in no hairs WD and highest
in hairs D. Treatment effects were significant; pairwise compar-
ison showed that the hairs D was significantly different from the
other treatments. There was no correlation between percolation
threshold and Cp (r = 0.16). The two results combined show that
connectivity was greatest in hairs D and was maintained longer
when the large pore bodies were removed. Conversely, overall
connectivity was least in hairs WD, which coincided with an ear-
lier breakdown of connectivity when removing large pore bodies.

Simulation results

Fig. 8 shows typical distributions of permeability and effective
diffusion constants within the imaged geometries. Convergence
of k and Deff was typically achieved at a subvolume side length of

500 lm (Fig. 8g,h). This was, however, not the case for all the
subvolumes, where either the exponent c in the fitted exponential
equation (Eqn 6) was too small, meaning that no convergence
was achieved, or the quality of the fit was insufficient. We there-
fore applied thresholds on both the exponent (c > 0.5) and the
quality of the fit (root mean square error (RMSE) < 0.05) to
exclude outliers. Removal of outliers did not significantly alter
the saturated pore volume fraction. The resulting Deff was calcu-
lated in the x, y and z directions. Interestingly, ANOVA showed
that Deff was significantly less in the z direction (P < 0.05), but
did not differ in the x and y directions. The averaged Deff was
similar in all treatments and no statistically significant difference
was observed (Table 2). Likewise, there was no significant effect
of the distance of subvolume centroids from the root surface.
However, Deff correlated with saturated pore volume fraction of
the subvolumes across all treatments (r = 0.77, P < 0.05).

Fig. 6 Volume fractions of solid,mixed and pore phase, respectively, over distance from barley root surface. Data are mean volume fractions within an
annulus of 0.05mm diameter; x-values are annulus inner diameter + 0.025mm. Error bars represent � SE of the mean. WD, wet–dry treatment; D, dry
treatment.

Fig. 7 Cumulative pore size distribution at different distances from the barley root surface. ‘Bulk’, pore size distribution at 500–800 lm from the root
surface; ‘Rhizo’, pore size distribution at 0–300 lm from the root surface. Only pores > 5 lmwere characterised.WD, wet–dry treatment; D, dry
treatment. Error bars represent � SE of the mean.
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Simulation results for permeability (k) were analysed in the
same way as the diffusion results. For the removal of outliers,
thresholds on the exponent (c > 0.5) and the goodness of the fit
(RMSE < 0.5) were used. The resulting k showed no statistically
significant differences between the x, y and z directions. Similar
to the simulated diffusion, there were no statistically significant
differences between treatments, or over distance of subvolume
centroids. k correlated with saturated pore volume fraction of the
subvolumes (r = 0.57, P < 0.05). However, the correlation was
smaller than the correlation between Deff and saturated pore
volume fraction.

Discussion

Root hair impact on soil structure

Root hairs had a significant effect on soil structure formation in
the rhizosphere. Root hairs were shown to influence porosity and

connectivity for the ≥ 5 lm pores visualised with SRCT. Hydro-
logical stress history, imparted as drying only, or a cycle of wet-
ting and drying, also had a large impact on the developed pore
structure.

Whilst all treatments showed evidence of soil compaction gra-
dients around the roots, estimated by the increased volume frac-
tion of the fine textured mixed phase, the hairs genotype had a
greater pore volume close to the root soil interface compared to
no hairs. Using the exponential model for soil deformation
around roots proposed by Dexter (1987), we calculated the
expected decrease in porosity due to root expansion. We used the
pore volume fraction measured in the most distant annulus of
soil as bulk porosity and calculated the root radius from the seg-
mented root volume assuming a cylindrical shape. For soil
mechanical parameter kD, we used the values for different
remoulded soils given by Dexter (1987). The results show that
the reduction of pore volume for the no hairs genotype could be
described by Dexter’s model (Fig. 9). Interestingly, in the hairs

Table 2 Connectivity parameters and simulation results of barley rhizosphere

Treatment Cp total
Percolation threshold
(lm pore size)

Pore volume fraction (saturated
pore volume fraction) (�) Simulated Deff (�)

Simulated k

(9 10�6 cm2)

No hairs WD 0.81� 0.23 53� 13 0.22� 0.07 (0.69� 0.08) 0.78� 0.12 1.48� 0.83
Hairs WD 0.73� 0.24* 55� 14 0.19� 0.07 (0.70� 0.06) 0.80� 0.07 1.47� 0.95
Hairs D 0.86� 0.21 48� 14* 0.23� 0.07 (0.71� 0.08) 0.80� 0.06 1.60� 0.99

Data are mean� SD in n = 100 subvolumes (80 in the case of hairs WD) per treatment. Deff is the average relative effective diffusion coefficient in fully sat-
urated soil, k is average saturated permeability and Cp is the dimensionless connectivity index described in Eqn 1. Asterisks denote statistical differences
between treatments.WD, wet–dry treatment; D, dry treatment. Size of the individual subvolumes was 5009 5009 500mm.

Fig. 8 Image-based modelling of relative permeability k and effective diffusion constant Deff in the barley rhizosphere. (a–f) Simulation results for selected
test volumes of increasing side length (left: 0.16mm; middle: 0.25mm; right: 0.4 mm) taken from a sample of hairs WD. Note that the smaller test
volumes are subsets of the larger ones. (a–c) Flow streamlines show local Darcy velocities. Warmer colours indicate greater relative velocity. (d–f) Colours
show relative impedance to diffusion. (g, h) The convergence of (g) k and (h) Deff in the x, y and z directions with increasing test volume size. Dashed lines
show simulated values and solid lines the exponential fit.

� 2017 The Authors

New Phytologist� 2017 New Phytologist Trust
New Phytologist (2017) 216: 124–135

www.newphytologist.com

New
Phytologist Research 131



genotype the measured pore volume far away from the root was
described well by Dexter’s model. However, near to the root sur-
face the pore volume fraction deviated significantly from this
model. This indicates that the initial compression of soil around
the growing root tip was similar for all treatments and the impact
of root hairs was to locally disrupt the porosity close to the root
surface. This hypothesis is supported by the similar distribution
of the incompressible solid sand fraction around the roots. While
sand displacement should theoretically lead to an increased frac-
tion of particles close to roots, this was not observed in our study.
In the annulus closest to the root surface the solid sand fraction
decreased sharply, probably as a consequence of the packing
geometry of particles along the curved root surface. Our results
show that root hairs increased the (> 5 lm) pore volume at the
root–soil interface within a zone of c. 200 lm distance from the
root. This localised effect was amplified further in the drying only
treatment. This raises the question of whether root shrinkage
may have caused the formation of air gaps between roots and soil;
Carminati & Vetterlein (2013) showed this to be important for
lupin in drought conditions. The occurrence of gaps in our
experiment is unlikely since air gaps in Carminati & Vetterlein
(2013) appear after prolonged drought conditions not present in
our study. Note that we did not measure porosity per se, as the
imaging resolution did not permit the identification of pores
< 5 lm.

Soil porosity is often divided into a textural and a structural
component, where the textural component is determined by the

distribution of primary soil minerals, and the remaining porosity
is the structural component (Nimmo, 1997). In our study, the
air-filled pore phase is roughly identical to the structural compo-
nent. The volume of the structural component is expected to
decrease upon soil compression (Kut�ılek et al., 2006), which
matches our observation in the no hairs genotype. However, in
the hairs genotype we observed a secondary increase in detectable
pore structure, signifying a shift from smaller to larger pores.
Interestingly, pore size distributions were fairly stable and did not
show an obvious pattern for either treatment. Upon compression,
the fraction of large pores is expected to decrease, but in no hairs
a decrease of the largest pore fraction was only observed within
200 lm distance from the root surface, where a local maximum
was observed. Further away from the root the fraction of larger
pores decreased again, which is counterintuitive. Note that the
initial soil conditions were fairly heterogeneous, as evidenced by
the large variability of pore size distribution, which may explain
this observation. In the hairs genotype a similar pattern was
observed for the WD treatment only, which indicates an impact
of the multiple drying and rewetting cycles. The frequency of
smaller structural pores is expected to increase with each drying
cycle at the expense of larger pores (Leij et al., 2002). Drying
cycles will be more severe close to the root surface, and hence this
effect could only be observed close to the root.

The results suggest greater pore structure formation away from
the root for the plants with root hairs. It is likely that this is
driven by the expansion of the hydraulic gradient from the root
surface due to root hair activity, as suggested by Segal et al.
(2008). Figs 7 and 9 demonstrate the combined importance of
the hydraulic stress and root hairs on the development of pore
structure. Many studies have demonstrated the importance of
wetting–drying cycles, and the presence of biological exudates, to
soil structure formation (Peng et al., 2011). Direct physical rear-
rangement of soil particles by growing root hairs is another plau-
sible mechanism, as it has been shown that root hairs are able to
deform moderately resistant clays (Champion & Barley, 1969)
and are able to transmit tensile forces between root and soil
(Bengough et al., 2016).

While structural differences between the hairs and no hairs
genotypes were generally confined to a volume of c. 200 lm
diameter around the root, we observed significant differences in
the overall connectivity of the pore phase between the genotypes.
However, connectivity is a function of pore size (Vogel, 1997)
and the differences observed in this study were mostly explained
by differences in pore volume fraction of the measured subvol-
umes. The biggest differences were observed between the differ-
ent wetting treatments. The percolation threshold was unaffected
by the genotype but was significantly smaller in the drying-only
treatment, which indicates a higher pore-neck connectivity. Both
results emphasize the impact of hydraulic drivers on pore
structure.

Image-based modelling

Simulation results showed that the effective saturated diffusion
and permeability were unaffected by both genotype and water

Fig. 9 Predicted pore volume fraction over distance from the barley root
using the model of Dexter (1987). Dashed lines show the predicted pore
volume fraction for each sample. Mean pore volume fraction at 1mm
distance was used as the bulk porosity for each treatment. Upper and
lower dashed lines of matching colours show the predicted pore volume
fraction using soil mechanical parameters kD = 0.68 and 0.34, respectively.
Data points show mean pore volume fractions obtained from image
analysis.WD, wet–dry treatment; D, dry treatment.
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treatment. Likewise, the centroid distance of the subvolumes
from the root surface had no significant effect on both Deff and k.
The subvolume size which qualified as an REV was c. 500 lm.
This was too large to measure the effect of distance to the root
surface. Since diffusion and permeability were simulated in satu-
rated conditions, no significant differences were to be expected,
because the combined pore and mixed fractions were unaffected
by the treatment. However, both Deff and k correlated with satu-
rated pore volume fraction, which allowed their behaviour to be
predicted in unsaturated conditions, that is, when water and
solute flow are constrained to the mixed phase. Assuming that the
unresolved internal porosity within the mixed phase was similar
between treatments, the resistance to water and solute flow
should be related to the volume fraction of the mixed phase,
which was greater close to roots in the no hairs genotype. This
suggests that root hairs may decrease unsaturated hydraulic con-
ductivity and solute diffusivity in the rhizosphere compared to
hairless genotypes. Although this suggests that both water and
nutrient uptake by the root would be impeded in unsaturated
conditions in the hairs genotype, uptake by hairs might counter-
act this impact. The role of root hairs in resource capture remains
poorly understood, although Segal et al. (2008) found that no
hairs mutants were less effective at drying rhizosphere soil. Even
if root hairs do not take up water directly, they may provide film
flow pathways for water by bridging air-filled pores. While previ-
ous image-based modelling studies showed that greater inter-
aggregate contacts caused by root-induced compaction allow
plants to extract more water from the soil (Aravena et al., 2011,
2014) we show that root hairs may significantly alter this effect.

Root hair quantification

In agreement with Keyes et al. (2013) we show that SRCT is
appropriate to visualise how pore morphology is affected by root
hair–soil interactions. However, there are some limitations. Root
hairs were clearly visible within air-filled pores, but when they
were growing along soil minerals or within the mixed phase they
were rendered invisible due to the smaller contrast to the sur-
rounding medium. This is an important limitation, which leads
to an underestimation of RHD. This may potentially be over-
come by increasing propagation distance between scintillator and
detector to increase edge enhancement or by using simultaneous
phase and amplitude extraction algorithms (Paganin et al., 2002).
The observed RHDs were less than the numbers reported for rice
roots (Daly et al., 2016), which may be related to species differ-
ences or to the open textured growth medium that these authors
used. We clearly show that RHD correlated with air-filled pore
volume within 300 lm from the root surface, which can indicate
both a lower detection rate and a smaller actual RHD. While no
significant difference in hair density was found between the D
and WD treatments, we note that the detection rate of root hairs
may be lower in hairs WD as a consequence of the lower pore vol-
ume fraction at the surface compared with hairs D. On the other
hand, undetected root hairs may potentially increase the volume
fraction of the mixed soil phase and consequently decrease the
pore phase. Given the small volume of root hairs, the effect would

be small compared to the observed differences in pore volume.
Assuming a low hair detection rate of 10%, average RHD at the
immediate soil–root interface would be 270 mmmm�3, which
would translate to a difference in pore volume fraction of 1.4%
for hairs of 8 lm diameter.

The fragmentation of the visualised root hairs clearly shows
that they grew in both the air-filled pore phase and the mixed
phase, with transitions between these phases. Notwithstanding
the limitations, comparison with destructive root hair measure-
ments allows an estimation of the fraction of root hairs growing
in air-filled pores. Light microscope measurements of RHD in
different barley lines have shown densities of up to
240 hairs mm�1 (Haling et al., 2010), which is an order of mag-
nitude higher than the average measured in this study
(24 hairs mm�1). This suggests that the majority of hairs are
found within the fine textured mixed phase. Additionally, root
hair counts were based on skeletonisation, which is unable to dis-
tinguish root hairs that are entangled. However, Daly et al.
(2016) reported that RHDs measured in SRCT images were
greater than those found in destructive analysis. Clearly, direct
comparisons of SRCT images and microscope measurements of
the same root sections are needed to confirm this. We found root
hairs at distances of up to 800 lm away from the root, which was
the maximum distance we analysed. This is not surprising, as pre-
vious work with the same genotype had determined that average
root hair length was c. 800 lm in similar soil conditions (Brown
et al., 2012). The absence of root hairs at greater distances than
50 lm from the root surface in the no hairs genotype confirms
that the structures we found were indeed root hairs and not fun-
gal hyphae, which can have similar size and shape.

In conclusion, the present study confirms that SRCT is a suit-
able technique to visualise root hair interactions with soil. The
technique offers sufficient contrast and resolution to segment soil
and root structures, including root hairs that grow in air-filled
pores. However, hairs growing in fine-textured regions are not
readily detectable. We showed that root hairs can counteract the
effect of root-induced soil compaction by significantly increasing
pore volume fraction at the root–soil interface. Image-based
modelling predicted that these alterations would not significantly
affect diffusion and hydraulic conductivity under saturated con-
ditions, and are therefore estimated to have negligible impact on
root water and solute uptake. However, it is likely that the mixed
phase containing fine pores will have a substantial effect on trans-
port into the root under a wide range of unsaturated conditions.
The present study focused on local changes within short segments
of roots at the same soil depth with comparable developmental
stage. Changes of rhizosphere structure over root length or age
and comparing roots of different diameters were beyond the
scope of this work. As part of our research programme our fol-
low-on studies focus on the dynamics of rhizosphere formation.

Acknowledgements

L.J.C., N.K., I.S. and T.R. are funded by BBSRC SARISA BB/
L025620/1. K.R.D. is funded by ERC 646809DIMR. L.K.B.,
P.D.H., T.S.G., M.N. and A.R. are funded by BBSRC BB/

� 2017 The Authors

New Phytologist� 2017 New Phytologist Trust
New Phytologist (2017) 216: 124–135

www.newphytologist.com

New
Phytologist Research 133



J00868/1 and A.G.B. is funded by BB/L025825/1. The James
Hutton Institute receives financial support from the Rural & Envi-
ronment Science & Analytical Services Division of the Scottish
Government. I.S. and T.R. are also funded by EPSRC EP/
M020355/1. T.R. is also funded by ERC 646809DIMR, BBSRC
SARIC BB/P004180/1 and NERC NE/L00237/1. The authors
acknowledge the use of the I13 beamline at Diamond Light
Source, Oxfordshire, UK (session ID: MT9659). We would like to
thank beamline scientist Dr Mirian Garcia Fernandez, who pro-
vided considerable help during our beamtime. Additionally, Dia-
mond Light Source funded travel for three people. The authors
acknowledge the use of the IRIDIS High Performance Computing
Facility, and associated support services at the University of
Southampton, in the completion of this work. All data supporting
this study are available on request from the University of South-
ampton repository at https://doi.org/10.5258/soton/d0116.

Author contributions

N.K., S.D.K., P.D.H., T.S.G., A.G.B. and T.R. designed the
study. S.D.K., A.R., P.D.H., A.G.B., T.S.G. and L.K.B. col-
lected data. N.K. analysed and interpreted the data. K.R.D.
conducted the modelling. P.D.H. was the lead applicant of the
BBSRC funding and synchrotron session. N.K. drafted the
manuscript. N.K. drafted the manuscript. N.K., K.R.D.,
S.D.K., T.S.G., L.K.B., A.R., L.J.C., M.N., A.G.B., I.S.,
P.D.H. and T.R. conducted the critical revision and approval
of the publication.

References

Albalasmeh AA, Ghezzehei TA. 2014. Interplay between soil drying and root

exudation in rhizosheath development. Plant and Soil 374: 739–751.
Aravena JE, Berli M, Ghezzehei TA, Tyler SW. 2011. Effects of root-induced

compaction on rhizosphere hydraulic properties – X-ray microtomography

imaging and numerical simulations. Environmental Science & Technology 45:
425–431.

Aravena JE, Berli M, Ruiz S, Su�arez F, Ghezzehei TA, Tyler SW. 2014.

Quantifying coupled deformation and water flow in the rhizosphere using X-

ray microtomography and numerical simulations. Plant and Soil 376: 95–110.
Bates TR, Lynch JP. 1996. Stimulation of root hair elongation in Arabidopsis
thaliana by low phosphorus availability. Plant, Cell & Environment 19: 529–538.

Bates TR, Lynch JP. 2001. Root hairs confer a competitive advantage under low

phosphorus availability. Plant and Soil 236: 243–250.
Bengough AG, Loades K, McKenzie BM. 2016. Root hairs aid soil penetration

by anchoring the root surface to pore walls. Journal of Experimental Botany 67:
1071–1078.

Bengough AG, McKenzie BM, Hallett PD, Valentine TA. 2011. Root

elongation, water stress, and mechanical impedance: a review of limiting

stresses and beneficial root tip traits. Journal of Experimental Botany 62: 59–68.
Berg G, Smalla K. 2009. Plant species and soil type cooperatively shape the

structure and function of microbial communities in the rhizosphere. FEMS
Microbiology Ecology 68: 1–13.

Brown JM, Kramer PJ, Cofer GP, Johnson GA. 1990. Use of nuclear magnetic

resonance microscopy for noninvasive observations of root–soil water relations.
Theoretical and Applied Climatology 42: 229–236.

Brown LK, George TS, Dupuy LX, White PJ. 2013. A conceptual model of root

hair ideotypes for future agricultural environments: what combination of traits

should be targeted to cope with limited P availability? Annals of Botany 112:
317–330.

Brown LK, George TS, Neugebauer K, White PJ. 2017. The rhizosheath – a
potential trait for future agricultural sustainability occurs in orders throughout

the Angiosperms. Plant and Soil. doi: 10.1007/s11104-017-3220-2.
Brown LK, George TS, Thompson JA, Wright G, Lyon J, Dupuy L, Hubbard

SF, White PJ. 2012.What are the implications of variation in root hair length

on tolerance to phosphorus deficiency in combination with water stress in

barley (Hordeum vulgare)? Annals of Botany 110: 319–328.
Bruand A, Cousin I, Nicoullaud B, Duval O, B�egon JC. 1996. Backscattered

electron scanning images of soil porosity for analyzing soil compaction around

roots. Soil Science Society of America Journal 60: 895–901.
Bulgarelli D, Rott M, Schlaeppi K, Ver Loren van Themaat E, Ahmadinejad N,

Assenza F, Rauf P, Huettel B, Reinhardt R, Schmelzer E et al. 2012.
Revealing structure and assembly cues for Arabidopsis root-inhabiting bacterial
microbiota. Nature 488: 91–95.

Bulgarelli D, Schlaeppi K, Spaepen S, van Themaat EVL, Schulze-Lefert P.

2013. Structure and functions of the bacterial microbiota of plants. Annual
Review of Plant Biology 64: 807–838.

Caldwell DG, McCallum N, Shaw P, Muehlbauer GJ, Marshall DF, Waugh R.

2004. A structured mutant population for forward and reverse genetics in

barley (Hordeum vulgare L.). Plant Journal 40: 143–150.
Caravaca F, Alguacil MM, Torres P, Rold�an A. 2005. Plant type mediates

rhizospheric microbial activities and soil aggregation in a semiarid

Mediterranean salt marsh. Geoderma 124: 375–382.
Carminati A, Moradi AB, Vetterlein D, Vontobel P, Lehmann E, Weller U,

Vogel H-J, Oswald SE. 2010. Dynamics of soil water content in the

rhizosphere. Plant and Soil 332: 163–176.
Carminati A, Vetterlein D. 2013. Plasticity of rhizosphere hydraulic properties as

a key for efficient utilization of scarce resources. Annals of Botany 112: 277–
290.

Champion RA, Barley KP. 1969. Penetration of clay by root hairs. Soil Science
108: 402–407.

Czarnes S, Hallett PD, Bengough AG, Young IM. 2000. Root- and microbial-

derived mucilages affect soil structure and water transport. European Journal of
Soil Science 51: 435–443.

Czarnota MA, Paul RN, Weston LA, Duke SO. 2003. Anatomy of Sorgoleone –
secreting root hairs of Sorghum species. International Journal of Plant Sciences
164: 861–866.

Daly KR, Keyes SD, Masum S, Roose T. 2016. Image-based modelling of

nutrient movement in and around the rhizosphere. Journal of Experimental
Botany 67: 1059–1070.

Daly KR, Mooney SJ, Bennett MJ, Crout NMJ, Roose T, Tracy SR. 2015.

Assessing the influence of the rhizosphere on soil hydraulic properties using X-

ray computed tomography and numerical modelling. Journal of Experimental
Botany 66: 2305–2314.

Delhaize E, Rathjen TM, Cavanagh CR. 2015. The genetics of rhizosheath size

in a multiparent mapping population of wheat. Journal of Experimental Botany
66: 4527–4536.

Dexter AR. 1987. Compression of soil around roots. Plant and Soil 97: 401–406.
Ehrenfeld JG, Ravit B, Elgersma K. 2005. Feedback in the plant soil system.

Annual Review of Environment and Resources 30: 75–115.
Feeney DS, Crawford JW, Daniell T, Hallett PD, Nunan N, Ritz K, Rivers M,

Young IM. 2006. Three-dimensional microorganization of the soil–root–
microbe system.Microbial Ecology 52: 151–158.

George TS, Brown LK, Ramsay L, White PJ, Newton AC, Bengough AG,

Russell J, Thomas WTB. 2014. Understanding the genetic control and

physiological traits associated with rhizosheath production by barley (Hordeum
vulgare). New Phytologist 203: 195–205.

Grose MJ, Gilligan CA, Spencer D, Goddard BVD. 1996. Spatial heterogeneity

of soil water around single roots: use of CT-scanning to predict fungal growth

in the rhizosphere. New Phytologist 133: 261–272.
Haling RE, Brown LK, Bengough AG, Valentine TA, White PJ, Young IM,

George TS. 2014. Root hair length and rhizosheath mass depend on soil

porosity, strength and water content in barley genotypes. Planta 239: 643–651.
Haling RE, Brown LK, Bengough AG, Young IM, Hallett PD, White PJ,

George TS. 2013. Root hairs improve root penetration, root–soil contact, and
phosphorus acquisition in soils of different strength. Journal of Experimental
Botany 64: 3711–3721.

New Phytologist (2017) 216: 124–135 � 2017 The Authors

New Phytologist� 2017 New Phytologist Trustwww.newphytologist.com

Research

New
Phytologist134

https://doi.org/10.5258/soton/d0116
https://doi.org/10.1007/s11104-017-3220-2


Haling RE, Simpson RJ, Delhaize E, Hocking PJ, Richardson AE. 2010. Effect

of lime on root growth, morphology and the rhizosheath of cereal seedlings

growing in an acid soil. Plant and Soil 327: 199–212.
Hallett PD, Feeney DS, Bengough AG, Rillig MC, Scrimgeour CM, Young IM.

2009. Disentangling the impact of AM fungi versus roots on soil structure and

water transport. Plant and Soil 314: 183–196.
Head GC. 1964. A study of ‘exudation’ from the root hairs of apple roots by

time-lapse cine-photomicrography. Annals of Botany 28: 495–498.
Hinsinger P, Bengough AG, Vetterlein D, Young IM. 2009. Rhizosphere:

biophysics, biogeochemistry and ecological relevance. Plant and Soil 321:
117–152.

Hinsinger P, Gobran GR, Gregory PJ, Wenzel WW. 2005. Rhizosphere

geometry and heterogeneity arising from root-mediated physical and chemical

processes. New Phytologist 168: 293–303.
Keyes SD, Daly KR, Gostling NJ, Jones DL, Talboys P, Pinzer BR, Boardman

R, Sinclair I, Marchant A, Roose T. 2013.High resolution synchrotron

imaging of wheat root hairs growing in soil and image based modelling of

phosphate uptake. New Phytologist 198: 1023–1029.
Kut�ılek M, Jendele L, Panayiotopoulos KP. 2006. The influence of uniaxial

compression upon pore size distribution in bi-modal soils. Soil and Tillage
Research 86: 27–37.

Leij FJ, Ghezzehei TA, Or D. 2002.Modeling the dynamics of the soil pore-size

distribution. Soil and Tillage Research 64: 61–78.
Ma Z, Bielenberg DG, Brown KM, Lynch JP. 2001. Regulation of root hair

density by phosphorus availability in Arabidopsis thaliana. Plant, Cell &
Environment 24: 459–467.

Moreno-Esp�ındola IP, Rivera-Becerril F, de Jes�us Ferrara-Guerrero M, De

Le�on-Gonz�alez F. 2007. Role of root-hairs and hyphae in adhesion of sand

particles. Soil Biology and Biochemistry 39: 2520–2526.
Nimmo JR. 1997.Modeling structural influences on soil water retention. Soil
Science Society of America Journal 61: 712–719.

Nye PH. 1966. The effect of the nutrient intensity and buffering power of a soil,

and the absorbing power, size and root hairs of a root, on nutrient absorption

by diffusion. Plant and Soil 25: 81–105.
Paganin D, Mayo SC, Gureyev TE, Miller PR, Wilkins SW. 2002.

Simultaneous phase and amplitude extraction from a single defocused image of

a homogeneous object. Journal of Microscopy 206: 33–40.
Peng X, Hallett PD, Zhang B, Horn R. 2011. Physical response of rigid and

non-rigid soils to analogues of biological exudates. European Journal of Soil
Science 62: 676–684.

Renard P, Allard D. 2013. Connectivity metrics for subsurface flow and

transport. Advances in Water Resources 51: 168–196.
Segal E, Kushnir T, Mualem Y, Shani U. 2008.Water uptake and hydraulics of

the root hair rhizosphere. Vadose Zone Journal 7: 1027–1034.
Tracy SR, Daly KR, Sturrock CJ, Crout NMJ, Mooney SJ, Roose T. 2015.

Three-dimensional quantification of soil hydraulic properties using X-ray

computed tomography and image-based modeling.Water Resources Research
51: 1006–1022.

Vogel HJ. 1997.Morphological determination of pore connectivity as a function

of pore size using serial sections. European Journal of Soil Science 48: 365–377.
Vogel HJ, Weller U, Schl€uter S. 2010.Quantification of soil structure based on

Minkowski functions. Computers & Geosciences 36: 1236–1245.
Vollsnes AV, Futsaether CM, Bengough AG. 2010.Quantifying rhizosphere

particle movement around mutant maize roots using time-lapse imaging and

particle image velocimetry. European Journal of Soil Science 61: 926–939.
Watt M, McCully ME, Canny MJ. 1994. Formation and stabilization of

rhizosheaths of Zea mays L. (effect of soil water content). Plant Physiology 106:
179–186.

Whalley WR, Riseley B, Leeds-Harrison PB, Bird NRA, Leech PK, Adderley

WP. 2005. Structural differences between bulk and rhizosphere soil. European
Journal of Soil Science 56: 353–360.

White PJ, George TS, Gregory PJ, Bengough AG, Hallett PD, McKenzie BM.

2013.Matching roots to their environment. Annals of Botany 112: 207–222.
Young IM. 1995. Variation in moisture contents between bulk soil and the

rhizosheath of wheat (Triticum aestivum L. cv Wembley). New Phytologist 130:
135–139.

Young IM. 1998. Biophysical interactions at the root–soil interface: a review. The
Journal of Agricultural Science 130: 1–7.

Supporting Information

Additional Supporting Information may be found online in the
Supporting Information tab for this article:

Fig. S1 Assessment of the WEKA segmentation process.

Fig. S2 Normalised cumulative pore size distribution (PSD) over
distance from the root surface.

Table S1 Performance of iterative WEKA segmentation process.

Methods S1 Segmentation procedure.

Please note: Wiley Blackwell are not responsible for the content
or functionality of any Supporting Information supplied by the
authors. Any queries (other than missing material) should be
directed to the New Phytologist Central Office.

New Phytologist is an electronic (online-only) journal owned by the New Phytologist Trust, a not-for-profit organization dedicated
to the promotion of plant science, facilitating projects from symposia to free access for our Tansley reviews. 

Regular papers, Letters, Research reviews, Rapid reports and both Modelling/Theory and Methods papers are encouraged. 
We are committed to rapid processing, from online submission through to publication ‘as ready’ via Early View – our average time
to decision is <26 days. There are no page or colour charges and a PDF version will be provided for each article. 

The journal is available online at Wiley Online Library. Visit www.newphytologist.com to search the articles and register for table
of contents email alerts.

If you have any questions, do get in touch with Central Office (np-centraloffice@lancaster.ac.uk) or, if it is more convenient,
our USA Office (np-usaoffice@lancaster.ac.uk)

For submission instructions, subscription and all the latest information visit www.newphytologist.com

� 2017 The Authors

New Phytologist� 2017 New Phytologist Trust
New Phytologist (2017) 216: 124–135

www.newphytologist.com

New
Phytologist Research 135


